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ABSTRACT: The interaction of cytochromec with anionic lipid vesicles of DOPS induces an extensive
disruption of the native structure of the protein. The kinetics of this lipid-induced unfolding process
were investigated in a series of fluorescence- and absorbance-detected stopped-flow measurements. The
results show that the tightly packed native structure of cytochromec is disrupted at a rate of∼1.5 s-1

(independent of protein and lipid concentration), leading to the formation of a lipid-inserted denatured
state (DL). Comparison with the expected rate of unfolding in solution (∼2 × 10-3 s-1 at pH 5.0 in the
absence of denaturant) suggests that the lipid environment dramatically accelerates the structural unfolding
process of cytochromec. We propose that this acceleration is in part due to the low effective pH in the
vicinity of the lipid headgroups. This hypothesis was tested by comparative kinetic measurements of
acid unfolding of cytochromec in solution. Our absorbance and fluorescence kinetic data, combined
with a well-characterized mechanism for folding/unfolding of cytochromec in solution, allow us to propose
a kinetic mechanism for cytochromec unfolding at the membrane surface. Binding of native cytochrome
c in water (NW) to DOPS vesicles is driven by the electrostatic interaction between positively charged
residues in the protein and the negatively charged lipid headgroups on the membrane surface. This binding
step occurs within the dead time of the stopped-flow experiments (<2 ms), where a membrane-associated
native state (NS) is formed. Unfolding of NS driven by the acidic environment at the membrane surface
is proposed to occur via a native-like intermediate lacking Met 80 ligation (MS), as previously observed
during unfolding in solution. The overall unfolding process (NSf DL) is limited by the rate of disruption
of the hydrophobic core in MS. Equilibrium spectroscopic measurements by near-IR and Soret absorbance,
fluorescence, and circular dichroism showed that DL has native-like helical secondary structure, but shows
no evidence for specific tertiary interactions. This lipid-denatured equilibrium state (DL) is clearly more
extensively unfolded than the A-state in solution, but is distinct from the unfolded protein in water (UW),
which has no stable secondary structure.

Structural and dynamic information on partially folded
states of proteins has provided essential contributions toward
understanding the mechanism of protein folding (Roderet
al., 1988; Radfordet al., 1992; Evans & Radford, 1994). In
particular, the folding mechanism of cytochromec (Elöve
et al., 1994) involves a complex interplay of various folding
intermediates in multiple parallel folding pathways. An
important feature of the folding process of this peripheral
membrane protein is the ligation of a methionine at the sixth
heme iron coordination site (Fe-Met 80). Detailed kinetic
studies using a variety of conformational probes led to a

comprehensive picture of the folding of cytochromec. The
fluorescence of a single tryptophan, Trp 59, which becomes
quenched during folding through energy transfer with the
heme (Tsong, 1976; Brems & Stellwagen, 1983), is a
convenient parameter to monitor overall chain dimensions,
and heme absorbance, which is a function of the oxidation,
ligation, and spin states of the heme iron (Ikaiet al., 1973;
Brems & Stellwagen, 1983), provides a sensitive measure
of heme coordination during folding. The far-UV and near-
UV regions of the circular dichroism (CD)1 spectrum, which
report on the secondary structure and burial of the aromatic
side chains, respectively (Elo¨ve et al., 1992), and amide
hydrogen exchange labeling combined with two-dimensional
NMR methods (Roderet al., 1988; Elöve & Roder, 1991)
represent complementary probes for various structural fea-
tures. Thus, four stages of the folding for cytochromec have
been identified (Elo¨ve et al., 1994), namely, a burst phase
(<2 ms), in which a condensed state with fluctuating helical
secondary structure is formed; a fast phase (2-100 ms), in
which a partially folded intermediate with a native-like
hydrophobic core involving extensive contacts between the
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N- and C-terminalR-helices is formed; an intermediate phase
(100 ms to 1 s), where the native Met 80 ligation is formed
after competition with other nonnative ligands; and a slow
phase (>1 s), probably associated with proline isomerization
(Ramdas & Nall, 1986).
Partially folded equilibrium states of cytochromec have

been described at acidic pH in the presence of salt (Ohgushi
& Wada, 1983; Gotoet al., 1990; Jenget al., 1990; Jeng &
Englander, 1991), and kinetic intermediates have been
detected in refolding from urea- (Pryseet al., 1992) or
GuHCl-denatured protein (e.g.,Elöve et al., 1994). Desta-
bilization of the native structure of cytochromec has also
been reported in nondenaturing conditions during binding
to anionic lipid membranes. Lipid-dependent conformational
changes in membrane-bound cytochromec were shown by
resonance Raman spectroscopy (Heimburget al., 1991). This
study demonstrated that conformational and coordination
shifts are induced in lipid-bound cytochromec, resulting in
the opening of the heme crevice and formation of a five-
coordinate high-spin iron state in equilibrium with the native
six-coordinate low-spin form. Static and magic angle
spinning phosphorus-31 NMR in various lipid-cytochrome
c complexes (Spooner & Watts, 1991b, 1992; Pinheiro &
Watts, 1994a,b) has provided additional evidence for the
formation of a high-spin form of cytochromec in lipid
membranes. The lipid31P spin-lattice relaxation behavior
is consistent with the disruption of Met 80 coordination and
concomitant heme crevice opening, which allows close
interaction of the heme with the lipid phosphate headgroup.
In addition to local perturbations within and around the

heme crevice, an overall destabilization of the tertiary
structure of cytochromec bound to lipid membranes has been
proposed. Solid-state2H NMR studies of cytochromec
bound to cardiolipin bilayers (Spooner & Watts, 1991a) and
high-resolution1H NMR studies of cytochromec bound to
lipid-based detergent micelles (De Jonghet al., 1992) have
revealed extensive perturbation of the overall structure, as
measured by enhanced exchange rates of amide deuterons
in the lipid-protein complexes. Using FTIR spectroscopy,
Heimburg and Marsh (1993) observed large changes in the
amide proton exchange rates, as monitored by the spectral
shifts in the amide I band of the protein in D2O. In contrast,
the amide I region of the FTIR difference spectrum between
free and bound protein showed no appreciable temperature
dependence at temperatures below that of denaturation.
These results clearly show that upon binding to negatively
charged lipid membranes, cytochromec undergoes a sub-
stantial disruption of the tertiary structure with only small
perturbations in secondary structure. Mugaet al. (1991)
previously arrived at a similar conclusion based on more
qualitative results obtained by FTIR and differential scanning
calorimetry.
It has been suggested that there is a close analogy between

folding intermediates, in particular molten globule states, and
the membrane-bound forms of soluble proteins (Bychkova
& Ptitsyn, 1993). Such lipid-induced intermediates have
been reported in the case of some bacterial toxins, such as
colicin A (Van der Gootet al., 1991) and colicin E1 (Lakey
et al., 1992). Studies on the interaction of cytochromec
with lipid membranes have suggested that a molten globule-
like intermediate is formed during the interaction with model
lipid membranes (De Jonghet al., 1992; Spooner & Watts,
1992; Pinheiro & Watts, 1994a), but further structural and

kinetic data are required to fully characterize this membrane-
bound conformation. The availability of a well-characterized
folding mechanism for cytochromec in solution (Elöve et
al., 1994), and structural and kinetic folding intermediates
involved therein (Roderet al., 1988; Elöve & Roder, 1991),
combined with well-described lipid-protein interactions,
makes cytochromec a good candidate to investigate protein
folding events in the membrane environment.
Here we describe the structural changes in cytochromec

upon binding to vesicles formed by the anionic phospholipid
DOPS. By monitoring the heme absorbance, Trp 59
fluorescence, and the CD spectral properties of cytochrome
c in the lipid-bound form, we show that the native structure
of cytochromec is converted into a membrane-inserted
denatured state, DL, which has native-like secondary struc-
ture, but is expanded and lacks many features of the native
tertiary structure, including tight packing of core residues
and ligation of Met 80. The kinetics of lipid-induced
unfolding of cytochromec were studied by stopped-flow
spectroscopic methods, monitoring Trp 59 fluorescence and
Soret absorbance. It was found that the tightly packed native
structure is disrupted at a rate of about 1.5 s-1, which is
orders of magnitude faster than the expected rate of unfolding
in solution. Thus, the lipid environment dramatically ac-
celerates the structural unfolding process of cytochromec.
We propose a mechanism for lipid-induced unfolding that
explains this acceleration in terms of the localized acidic
environment at the membrane surface. By analogy to the
mechanism of folding and unfolding in solution, we propose
that the unfolding of cytochromec at the membrane surface
follows a predominant pathway through a native-like inter-
mediate lacking Met 80 ligation. The findings are discussed
in the context of the well-characterized folding and unfolding
mechanism of cytochromec in solution, and have some
general implications with respect to a possible mechanism
for protein insertion and translocation across lipid mem-
branes.

EXPERIMENTAL PROCEDURES

Materials. Cytochromec from horse heart (type VI,
Sigma Chemical Co.) was used without further purification.
DOPS was purchased from Avanti Polar Lipids, Inc.
(Birmingham, AL); and the tripeptide, Lys-Trp-Lys, was
obtained from Sigma Chemical Co.
Sample Preparation.Aqueous solutions of cytochrome

c were prepared in 10 mM phosphate buffer at pH 7.0.
Protein concentrations were measured spectrophotometrically
using a molar absorptivity of 2.95× 104 M-1 cm-1 at 550
nm and pH 7.0 for the protein reduced with sodium dithionite
(Margoliash & Walasek, 1967). For the preparation of
DOPS vesicles, a dry film of 25 or 50 mg of lipid was
produced under rotary evaporation from a stock solution in
chloroform, which was then left under high vacuum for a
minimum of 8 h to remove all traces of organic solvent. The
lipid film was hydrated to the desired concentration with 10
mM phosphate buffer, pH 7.0. The buffer was deoxygenated
with argon gas, and all steps of lipid hydration were carried
out in an argon atmosphere. The resulting multilamellar
liposome suspension was sonicated for several hours (in
average about 3 h) in a bath sonicator (Solidstate Ultrasonic
FS-14, Fisher Scientific), until a clear suspension of small
unilamellar vesicles was obtained. The vesicle sizes of a
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few representative samples were determined by dynamic light
scattering measurements on a Dyna-Pro 801 dynamic light
scattering instrument. Protein-free lipid vesicles had diam-
eters ranging from 300 to 600 Å, and lipid-protein com-
plexes showed a diameter range between 380 and 700 Å.
Absorbance Measurements.Absorbance spectra in the

Soret (350-490 nm) and the 600-750 nm regions were
obtained on samples containing 10-40 µM cytochromec
in 10 mM phosphate buffer, pH 7.0, in the presence or
absence of DOPS vesicles. Typical concentrations of lipid
varied from 2.5 to 10 mM in 10 mM phosphate buffer, pH
7.0. Spectra of the lipid-protein complexes were measured
against a reference containing lipid vesicles in the same
concentration as that in the measuring cell. All spectra were
recorded at room temperature on a Perkin-Elmer Lambda
4B UV/VIS spectrophotometer.
Equilibrium Fluorescence and Manual-Mixing Kinetic

Measurements.Equilibrium fluorescence spectra and manual-
mixing kinetics were obtained on an AMINCO-Bowman
Series 2 luminescence spectrometer (SLM-AMINCO, Ur-
bana, IL), equipped with a water-jacketed cuvette holder and
a circulating water bath. Sample temperature was controlled
within an accuracy of(0.2 °C. The excitation wavelength
was 295 nm (2 nm band-pass), and emission spectra were
recorded with a 4 nmband-pass. Cytochromec concentra-
tions, in 10 mM phosphate buffer, pH 7.0, varied from 5 to
20 µM, and DOPS from 2.5 to 10 mM. Time-dependent
fluorescence changes over a time range from 20 to 900 s
were monitored after rapid manual-mixing of equal volumes
of preequilibrated solutions of protein and lipid vesicles at
20 °C. Tryptophan fluorescence was excited at 295 nm
(band-pass of 2 nm), and kinetic traces were recorded at an
emission wavelength of 330 nm (band-pass 4 nm).
Circular Dichroism. Circular dichroism spectra were

measured in samples of 10 or 20µM cytochromec in 10
mM phosphate buffer, pH 7.0, in the presence or absence of
lipid vesicles. Spectra were recorded at room temperature
on a JASCO Model J720 spectropolarimeter. CD spectra
of the far-UV (185-260 nm) and Soret regions were
measured using quartz cells of 1 mm path length; for near-
UV (250-350 nm) measurements, 10 mm path length cells
were used. Typically, a scanning rate of 50 nm/min, a time
constant of 1 s, and a band width of 1.0 nm were used.
Spectral resolution was 0.5 or 1 nm, and 4-8 scans were
averaged per spectrum. Spectra of lipid-protein complexes
were subtracted from the background arising from the lipid
vesicles alone.
Stopped-Flow Fluorescence Measurements.The kinetic

fluorescence experiments were performed on a PQ/SF-53
stopped-flow instrument (Hi-Tech, Salisbury, U.K.) equipped
with a Berger-type mixing chamber and a 2× 2 × 10 mm
flow cell. A 75 W xenon lamp (On-Line Instrument
Systems, Inc., Jefferson, GA) and monochromator (Hi-Tech)
were used for excitation at 295 nm (5 nm bandwidth) along
the 10 mm axis of the cell. The fluorescence emission was
detected in the 2 mm direction, using a high-pass glass filter
with a 320 nm cutoff. The stopped-flow module and
observation cell were thermostated with circulating water
from a temperature-controlled water bath. All stopped-flow
experiments were performed at 20°C, and the sample
temperature was measured to an accuracy of(0.2°C. Lipid-
induced unfolding of cytochromec was initiated by mixing
equal volumes of cytochromec in 10 mM phosphate buffer,

pH 7.0, with DOPS vesicles in the same buffer (instrumental
dead time 2.2 ms). Data acquisition and analysis have been
described previously (Elo¨ve et al., 1992).
Absorbance-Detected Stopped-Flow Measurements.Un-

folding kinetics of cytochromec induced by interaction with
lipid vesicles, and by pH-jump, were monitored by heme
absorbance with a Biologic SFM4 stopped-flow instrument
(Biologic, 38640 Claix, France) with a 2 mmflow cell. A
tungsten lamp (LS-10, Hi-Tech) and monochromator were
used to monitor the changes in Soret absorbance. For lipid-
induced unfolding of cytochromec, equal volumes of protein
solution in 10 mM phosphate buffer, pH 7.0, and DOPS
vesicles in the same buffer were rapidly mixed (dead time
2.4 ms). Acid-induced unfolding experiments were initiated
by pH-jump experiments in which the initial solution of
cytochromec in H2O, pH 5.0, was diluted 6-fold into 10
mM HCl solution, pH 2.0, in the absence or in the presence
of 1.5 M NaCl. Kinetic data were collected and analyzed
using software written in the ASYST programming language
(Keithley Metrobyte). Data were acquired continuously at
or near the maximum sampling time of 49µs for 10-180 s
kinetic traces and logarithmically averaged during acquisition
to yield 85-110 data points. All measurements were carried
at 20°C, and for each experiment, four kinetic traces were
averaged.

RESULTS

Met 80 Ligation. The axial coordinationVia the sulfur
atom of Met 80 to the heme iron in cytochromec results in
a characteristic absorbance band at 695 nm; this S-Fe bond
is intrinsically not very stable. Indeed, dissociation of the
Met 80 coordination can readily occur under mild denaturing
conditions, including pH values below 3 or above 9
(Greenwood & Palmer, 1965; Daviset al., 1974; Dyson &
Beattie, 1982), or by competitive binding of extrinsic ligands,
such as cyanide or imidazole (Gaoet al., 1989). Disruption
of the Met 80-iron bond as indicated by the loss of the 695
nm absorbance band has been interpreted as an opening of
the heme crevice (Gaoet al., 1989). Soret absorbance (410
nm) mainly reports on changes in the spin state of the heme
iron due to changes in its axial ligands (Brems & Stellwagen,
1983).
On binding of cytochromec to DOPS vesicles, the 695

nm band disappears (Figure 1B), and the 410 nm band,
characteristic of the native conformation of cytochromec in
aqueous solution, is shifted to 407 nm (Figure 1A). These
changes are consistent with the disruption of Met 80
coordination to the heme iron upon binding the anionic lipid
bilayers, as shown in previous studies (Heimburget al., 1991;
Spooner & Watts, 1991a,b, 1992; Pinheiro & Watts, 1994a,b).
Equilibrium Fluorescence Changes.The fluorescence of

a single tryptophan (Trp 59) in the polypeptide chain of
cytochromec was used to monitor the conformational
changes in cytochromec induced by its interaction with lipid.
The fluorescence emission of Trp 59 in native cytochrome
c in aqueous solution is completely quenched through Fo¨rster
energy transfer with the heme (Figure 2). On binding to
DOPS vesicles, there is a substantial increase in the
fluorescence emission of cytochromec, with an emission
maximum around 330 nm (Figure 2). Urea-denatured
cytochromec shows an emission maximum near 345 nm
(Figure 2). The binding of the tripeptide, Lys-Trp-Lys, to
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DOPS vesicles shows a blue shift of about 14 nm (data not
shown) when compared with the emission maximum in
aqueous solution, and no significant changes in the overall
fluorescence intensity are observed. Fluorescence emission
spectra of lipid-bound cytochromec after excitation at 295
nm, compared to the emission spectrum following excitation
at 280 nm, demonstrate that an appreciable spectral contribu-
tion at lower wavelengths (300-330 nm) arises from some
of the four tyrosines in the protein polypeptide chain.
However, the blue shift and reduced spectral intensity of the
fluorescence emission for membrane-bound cytochromec
relative to the urea-denatured form are indicative of a
relatively more hydrophobic environment for Trp 59 when
in lipid membranes, and show that some partial quenching
through energy transfer with the heme is still present.

Secondary and Tertiary Structural Changes in Cytochrome
c upon Interaction with Lipid Vesicles.Circular dichroism
was used to monitor the effects of the interaction with lipid
vesicles on the structural and conformational properties of

cytochromec. The far-UV CD spectrum of cytochromec
in solution (Figure 3) shows the typical features characteristic
of proteins containing mainlyR-helical structure (Changet
al., 1978), in which the 222 nm dichroic band is predomi-
nantly associated withR-helicaln-π* amide transitions, and
the negative minimum at around 209 nm and the positive
maximum about 190 nm are the dichroic bands correspond-
ing to theπ-π* amide transitions (Myer, 1968b). Upon
binding to DOPS vesicles, no substantial change is observed
in the far-UV CD band at 222 nm (Figure 3), suggesting
that there are no significant changes in theR-helix content.
The spectral changes around the minimum at 209 nm may
arise from changes in other secondary structure elements in
the protein, or may be due to the presence of optically active
heme transitions other than those associated with the amide
transitions of the polypeptide chain. Therefore, an unam-
biguous interpretation of the spectral changes on this region
of the spectrum is not possible.
Near-UV (250-330 nm) circular dichroism is a probe for

protein tertiary structure changes that affect the environment
of aromatic side chains. Horse cytochromec contains four
phenylalanine residues, four tyrosine residues, one tryp-
tophan, and two thioether bonds, all of which can potentially
contribute to the near-UV CD spectrum. Unfortunately, the
interpretation of this region of the CD spectrum is further
complicated by the optically active heme transitions that
occur between 240 and 300 nm (Urry, 1967). Tyrosine
residues produce CD vibronic transition bands with maxima
between 275 and 282 nm, while phenylalanine side chains
can produce weak CD bands between 255 and 270 nm
(Strickland, 1974). A broad positive CD band around 263
nm has been attributed to porphyrin transitions with rotary
strengths dependent on the immediate environment of the
heme group (Urry, 1967). The sharp minima in the CD
spectrum of cytochromec at 282 and 288 nm (Figure 4) are
assigned to the Trp 59 side chain, as confirmed by site-
directed mutagenesis (Davieset al., 1993). On binding to
DOPS vesicles, these near-UV CD spectral markers of the
tertiary structure disappeared (Figure 4), which is consistent
with a disruption of the tight packing of core residues in
cytochrome c upon interaction with the lipid vesicles.
Indeed, the near-UV CD spectrum of lipid-bound cytochrome

FIGURE1: Absorbance spectra of cytochromec in aqueous solution
(solid line) and when bound to DOPS vesicles (dashed line). (A)
Soret region (λmax∼410 nm) and (B) near-IR region with the 695
nm absorbance band. Cytochromec concentrations: 20µM (A)
and 40µM (B); [DOPS], 5 mM. Spectra were obtained at room
temperature (∼21 °C), using cells with path lengths of 5 mm (A)
and 1 cm (B).

FIGURE 2: Equilibrium fluorescence emission spectra of native
cytochromec in aqueous solution (dotted line), cytochromec bound
to DOPS vesicles (dashed line), and urea-denatured cytochromec
in aqueous solution (solid line). Protein concentration, 20µM;
[DOPS], 5 mM; [urea], 10 M; temperature, 20°C. The excitation
wavelength was 295 nm.

FIGURE3: Far-UV CD spectra of cytochromec in aqueous solution
(open symbols) and when bound to DOPS vesicles (filled symbols).
Protein concentration 10µM; [DOPS], 5 mM. Spectra were
recorded at room temperature (∼22 °C), using a 1 mmpath length
cell at a resolution of 1 nm; 4 scans were averaged per spectrum.
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c resembles that of GuHCl-denatured cytochromec, as shown
in Figure 4.
The CD spectrum in the Soret region can provide further

insight into the integrity of the heme crevice (Myer, 1968b).
The optical activity in the Soret region of heme proteins is
generated through the coupling of hemeπ-π* electric dipole
transition moments with those of nearby aromatic amino acid
residues in the protein (Hsu & Woody, 1971). The CD
spectrum for cytochromec in its native conformation shows
a strong negative limb due to the Soret-Cotton effect (Figure
5), primarily as a result of heme-polypeptide interactions.
After binding to the lipid membrane, the Soret CD spectrum
changes to a single positive band with a maximum near 408
nm. This type of spectrum is also observed with urea-
denatured cytochromec, is induced by elevated temperature,
extrinsic ligands, or pH-induced denaturation (Myer, 1968a),
and was also reported for carboxymethylated cytochromec
(Santucciet al., 1987, 1989). The observed changes in the
Soret region clearly indicate a disruption of the coupling
betweenπ-π* transitions of the heme group and those of

the aromatic amino acid residues in its proximity. This effect
is consistent with a loosening of the tertiary structure, which
removes the anisotropic character of the Soret circular
dichroism band.
Fluorescence-Detected Unfolding Kinetics of Cytochrome

c at the Membrane Surface.The fluorescence intensity
changes of Trp 59 have been used to monitor the folding
kinetics of cytochromec in solution (Elöveet al., 1992, 1994;
Colón et al., 1996). These studies normally start with an
unfolded protein solution in a denaturing buffer, such as 4.5
M GuHCl, and folding is initiated by dilution of the
denaturing agent. Upon folding, the fluorescence decays due
to Förster energy transfer between the Trp 59 and the heme
group. In the present study, kinetic measurements start with
cytochromec in its native conformation in aqueous buffer
solution, in which the intrinsic fluorescence is largely
quenched (see for example, Figure 2), and unfolding of
cytochromec induced by the interaction with lipid vesicles
is monitored by the increase of tryptophan fluorescence in
stopped-flow experiments. The changes in fluorescence
emission (detected above 310 nm) relative to the native
cytochromec in buffer solution, and in the absence of lipid,
are recorded over a time range up to 90 s after rapid mixing
with the lipid vesicles. The fluorescence-detected stopped-
flow unfolding kinetics of cytochromecwere monitored for
various lipid and protein concentrations. Representative
kinetic traces are shown in Figure 6A,B, where the increase
in fluorescence is plotted on a logarithmic time scale.
Stopped-flow control experiments in which DOPS vesicles
were mixed with buffer in the absence of protein revealed a
significant and somewhat variable scattering background,
which was subracted from each kinetic trace. However, the
scattering background remained constant over the measured
time period, and the observed kinetic signal appears to be a
reliable measure of the tryptophan fluorescence changes.
Kinetic parameters were obtained by nonlinear least-squares
fitting of a minimum number of exponential phases. A
summary of rates and amplitudes is presented in Tables 1
and 2. For concentrations of cytochromec above 15µM,
the kinetics are poorly represented by only two exponentials,
and three exponential phases were used instead (see, for
example, the double- and triple-exponential fitting for 15µM
cytochromec, 10 mM DOPS, in Figures 6A,B, respectively).
The kinetic parameters obtained by the two fitting procedures
are included in Tables 1 and 2. We have also monitored
the fluorescence changes at 330 nm (bandwidth 4 nm) in
manual-mixing experiments over a time range of 900 s after
a dead time of 20 s (data not shown), which revealed a
biphasic increase in fluorescence with an additional slow
phase not covered by the stopped-flow measurements. The
corresponding rates and amplitudes are listed in Table 3.
The dependence of the total kinetic fluorescence amplitude

as a function of cytochromec concentration is shown in
Figure 6C. Qualitatively, the intial increase in amplitude
up to 15µM cytochromec can be interpreted as a 1:1 binding
equilibrium with an apparent dissociation constant in the
micromolar range. However, the analysis is complicated by
the fact that the true vesicle concentration is not known (the
“fit” in Figure 6C suggests a value of about 12µM).
Moreover, the marked decrease in amplitude above 15µM
cytochromec suggests that the assumption of 1:1 stoichi-
ometry is no longer valid at higher protein concentrations;
binding of multiple cytochromec molecules to the same

FIGURE 4: Near-UV CD spectra of cytochromec in aqueous
solution (solid line), bound to DOPS vesicles (dashed line), and
denatured in 4.2 M GuHCl (dotted line). Protein concentration, 20
µM; [DOPS], 5 mM. Spectra were recorded at room temperature
(∼22 °C), using a 10 mm path length cell at a resolution of 0.5
nm; 8 scans were averaged per spectrum.

FIGURE 5: CD spectra of the Soret region of cytochromec in
aqueous solution (dashed line) and bound to DOPS vesicles (solid
line). Protein concentration, 20µM; [DOPS], 5 mM. Spectra were
obtained at room temperature (∼22 °C), using a 10 mm path length
cell; 0.5 nm resolution; 4 scans were averaged per spectrum.
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vesicle may result in mutual fluorescence quenching. Com-
plications due to protein-protein interaction in the lipid-
bound state are also consistent with the kinetic data at
cytochromec concentrations of 15µM and above (Figure
6B), which show an additional concentration-dependent
phase not observed at lower concentrations.
The combined stopped-flow and manual-mixing data show

evidence of four distinct kinetic events: (A) The initial
second-order protein-vesicle binding step is expected to
occur within the dead time (<2 ms). If association is
diffusion-controlled, this second-order rate constant is ex-
pected to be of the order of 1× 109 s-1, which corresponds
to a rate of about 5000 s-1 at 5µM cytochromec. Favorable
electrostatic interactions could accelerate this process further.
It is unlikely that this event is accompanied by any significant
fluorescence changes because of the efficient quenching of
Trp 59 fluorescence in native-like states and compact
intermediates (Elo¨ve et al., 1992, 1994). (B) A major
fluorescence increase (>80% of the observable change)
occurs with a rate of∼1.5 s-1 (at cytochromec concentra-
tions <10 µM, and independent of DOPS concentration).
(C) A minor process exists with a protein concentration-
dependent rate (∼0.1 s-1) and amplitude (12% at 2µM cyt
c, ∼50% above 15µM cyt c), probably due to protein-
protein interaction. (D) A slow fluorescence increase is seen
only in manual-mixing experiments with a minor amplitude
(∼20% of total signal) and a rate∼0.01 s-1, independent of
DOPS concentration. Since only extensively unfolded states
are strongly fluorescent, the phase with the largest fluores-
cence increase, process B, is likely to correspond to the main
unfolding event associated with insertion into the lipid
membrane. It is relevant to compare the rate of this main
kinetic phase (1.5 s-1) with that observed for the unfolding
of cytochromec in the absence of lipids. Linear extrapola-
tion of the GuHCl-induced unfolding rate at pH 7 (Colo´n et
al., 1996) to 0 M GuHCl gives a rate of about 5× 10-6 s-1.
At pH 5, this rate is faster, about 2× 10-3 s-1 [unpublished;

FIGURE6: Representative fluorescence-detected unfolding kinetics
of cytochromec induced by binding to DOPS vesicles at 20°C
(10 mM phosphate buffer at pH 7.0). The fluorescence of tryptophan
59 (excited at 295 nm and detected above 310 nm) was measured
in stopped-flow experiments (dead time∼2 ms), after mixing equal
volumes of protein in aqueous solution with DOPS vesicles. The
fluorescence change is plotted on a logarithmic time scale. Final
DOPS concentration, 10 mM. (A) Final concentrations of cyto-
chromec were 4µM (circles), 6µM (squares), 8µM (diamonds),
10 µM (downward triangles), and 15µM (upward triangles). The
curves are double-exponential least-squares fits (cf. Table 1). (B)
Final concentrations of cytochromecwere 15µM (circles), 20µM
(squares), 30µM (diamonds), and 40µM (downward triangles).
The curves are triple-exponential least-squares fits (cf. Table 2).
(C) Total kinetic amplitude (final base line values of kinetic traces
in Figures 6A,B) as a function of cytochromec concentration. The
curve is for guidance only and has no clear theoretical significance
(it represents a binding curve with a sloping base line, based on a
1:1 binding equilibrium with an apparent dissociation constant of
about 1µM and a vesicle concentration of 12µM; see text).

Table 1: Fluorescence Kinetic Rates and Relative Amplitudes for
Cytochromec Partial Unfolding Induced by DOPS at Various
Protein and Lipid Concentrationsa

[DOPS]
(mM)

[cyt c]
(µM)

k1
(s-1)

a1
(%)b

k2
(s-1)

a2
(%)b -(a1 + a2)c

10 2 1.37 (7)d 85.7 0.15 (7) 11.9 0.021
10 4 1.52 (4) 82.6 0.12 (2) 16.5 0.023
10 6 1.67 (4) 77.1 0.25 (2) 22.3 0.035
10 8 1.79 (8) 62.8 0.35 (3) 37.2 0.043
10 10 1.60 (6) 61.7 0.33 (2) 38.3 0.047
10 15 1.65 (7) 53.4 0.27 (1) 46.6 0.058
10 20 1.32 (5) 57.1 0.12 (1) 42.9 0.056
10 30 1.14 (4) 57.4 0.073 (4) 42.5 0.047
10 40 1.12 (4) 55.6 0.066 (4) 44.4 0.036

2.5 5 1.94 (7) 57.1 0.26 (1) 42.9 0.035
2.5 10 1.37 (5) 58.8 0.16 (1) 41.2 0.068
2.5 20e 3.2 (2) 39.3 0.44 (2) 60.7 0.061

1 2.5 1.83 (6) 56.6 0.28 (1) 43.4 0.106
1 5 1.09 (2) 64.1 0.19 (1) 35.9 0.170
1 10 1.08 (1) 53.1 0.098 (1) 46.9 0.294

aRates and relative amplitudes were measured by stopped-flow
fluorescence emission kinetic measurements at 20°C, as described
under Experimental Procedures.b Percentage of the total amplitude.
c Total kinetic amplitude in arbitrary (but constant) fluorescence units.
d Errors in the least significant digit (one standard deviation) are shown
in parentheses.eAt this protein concentration, data are best fitted with
three exponentials (see Figure 6A,B), and the third phase has kinetic
parametersk3 ) 0.026 (0.001) s-1, -(a1 + a2 + a3) ) 0.084, anda3
) 27.4%.

Lipid-Induced Protein Unfolding Biochemistry, Vol. 36, No. 42, 199713127



see also Sosnicket al. (1996)], but still about 3 orders of
magnitude slower than the DOPS-induced unfolding rate.
This comparison rules out a mechanism in which the protein
unfolds in solution before associating with lipid. Instead, it
suggests that the lipid environment dramatically accelerates
the structural unfolding process.
Absorbance-Detected Unfolding Kinetics.A possible

mechanism for the lipid-induced cytochromecunfolding may
involve a localized acidic pH effect at the membrane surface
(see below). In order to test this hypothesis, we have
investigated the heme absorbance changes during cytochrome
c unfolding induced by the interaction with lipid vesicles,
and compare the rate of this process with that of acid-induced
unfolding in solution. On binding to DOPS vesicles, we have
observed a small shift of the Soret absorbance band from
410 nm in the native protein in solution to 407 nm in the
lipid-bound form, in addition to a significant reduction of
its intensity (Figure 1A). The heme absorption difference
spectrum between native cytochromec in solution and the
lipid-bound state shows a pronounced maximum at 409 nm.
We have measured the time-dependent spectral changes at
409 nm, 20°C, in stopped-flow kinetic experiments (dead
time 2.4 ms) following rapid mixing of cytochromec in
buffer solution (pH 7.0) with DOPS vesicles (pH 7.0). A
main kinetic phase with a rate constant of about 0.7 s-1 was
observed, independent of lipid or protein concentrations
(Figure 7 and Table 4). This unfolding rate was compared
with the acid-induced unfolding of cytochromec in a pH
jump experiment from 5 to 2, at 20°C. At pH 5, cytochrome
c shows the typical native Soret absorbance band at 410 nm.
At pH 2, and in the absence of salt, cytochromec is unfolded
and its Soret band is shifted to 394 nm (data not shown).
The difference absorption spectrum between pH 5.0 and pH
2.0 solutions of cytochromec shows a pronounced maximum
at 412 nm, and a minimum at 393 nm. A pH jump from 5
to 2, in the absence of salt, induces the transition from the
native state (N) to the unfolded state (U) of cytochromec,
whereas in the presence of salt the transition from the N- to
the A-state is observed instead (Dyson & Beattie, 1982; Goto
et al., 1990; Jenget al., 1990; Colón & Roder, 1996).
Stopped-flow kinetic measurements of the spectral changes
at 412 nm, following a rapid jump from pH 5.0 to pH 2.0,
in the absence of salt, revealed a single kinetic phase (data

not show) with a rate constant of 3.5 s-1 (Table 4). This
rate is within a factor of 5 of the main lipid-induced unfolding
phase detected by absorbance (0.7 s-1), and within a factor
of 2.5 of the main unfolding event observed by fluorescence-
detected stopped-flow measurements (1.5 s-1). Thus, com-
pared to the over 1000-fold lower rate of unfolding at pH 5
and above, the rate of unfolding induced by the lipid matches
that of the acid-induced process remarkably well.

DISCUSSION

Protein Unfolding on Membrane Surfaces.The interaction
of water-soluble proteins with a membrane surface is a
common process during the course of various cellular
functions. Some examples include bacterial toxins (Parker
& Pattus, 1993), precursor proteins that have to translocate
across intracellular membranes in order to reach their final
location in a particular cellular organelle (Hannavyet al.,
1993), and the class of proteins involved in the transfer of
various nonpolar ligands, such as retinol and fatty acids, to

Table 2: Fluorescence Kinetic Rates and Relative Amplitudes of Cytochromec Partial Unfolding Induced by DOPS at Various Protein
Concentrationsa

[DOPS]
(mM)

[cyt c]
(µM) k1 (s-1) a1 (%)b k2 (s-1) a2 (%)b k3 (s-1) a3 (%)b -(a1 + a2 + a3)

10 15 4.8 (0.4)c 14.2 0.83 (0.03) 61.7 0.14 (0.01) 23.3 0.060
10 20 3.6 (0.3) 19.3 0.64 (0.03) 52.6 0.073 (0.003) 28.1 0.057
10 30 1.93 (0.08) 34.0 0.35 (0.02) 38.0 0.038 (0.002) 28.0 0.050
10 40 2.13 (0.08) 29.7 0.35 (0.02) 40.5 0.036 (0.001) 29.7 0.037

aRates and relative amplitudes were measured by stopped-flow fluorescence emission kinetic measurements at 20°C, as described under
Experimental Procedures.b Percentage of the total amplitude.c Errors (one standard deviation) are shown in parentheses.

Table 3: Fluorescence Kinetic Rates and Relative Amplitudes for Cytochromec Partial Unfolding at Various DOPS Concentrationsa

[DOPS]
(mM)

[cyt c]
(µM) |k1 (s-1) a1 (%)b k2 (s-1) a2 (%)b -(a1 + a2)

1 10 6.4× 10-2 (0.005)c 51.4 9.0× 10-3 (0.0001) 48.6 0.35
0.5 10 4.1× 10-2 (0.003) 47.8 5.8× 10-3 (0.0001) 52.2 0.23
0.25 10 5.2× 10-2 (0.002) 27.6 13.0× 10-3 (0.0007) 72.4 0.076

aRates and relative amplitudes were measured by manual-mixing fluorescence emision kinetic measurements at 20°C, as shown in Figure 7 and
described under Experimental Procedures.b Percentage of the total amplitude.c Errors (one standard deviation) are shown in parentheses.

FIGURE 7: Unfolding kinetics of cytochromec detected by heme
absorbance upon binding to DOPS vesicles at 20°C (10 mM
phosphate buffer at pH 7.0). The Soret absorbance change at 409
nm was measured in stopped-flow experiments (dead time 2.4 ms),
after mixing protein in buffer solution with DOPS vesicles. Final
DOPS concentration, 2.5 mM; final concentrations of cytochrome
c were 1.25µM (squares), 2.5µM (triangles), and 5µM (circles).
The curves are single-exponential least-squares fits.
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a target cell surface (Cowanet al., 1990). The mechanism
by which a water-soluble protein becomes associated with a
membrane surface is at present poorly understood. However,
it is becoming apparent that the transition from the water-
soluble to the membrane-associated state involves major
changes in the protein structure (Parker & Pattus, 1993;
Banuelos & Muga, 1995, 1996). The nature of the structural
intermediates involved in this transition is of general interest
to the problem of protein folding. There are some indications
that the interaction of a soluble protein with lipid membranes
may occur through the molten globule state (Van der Goot,
1992; Banuelos & Muga, 1995), which is implicated in the
folding mechanism of many proteins in solution (Ptitsyn,
1995).
The existence of well-characterized intermediates in the

folding mechanism of cytochromec in solution under a
variety of refolding conditions makes this protein an excellent
model to investigate the mechanism of protein interaction
with a membrane surface and the intricate relationship with
protein folding events. In contrast to refolding experiments
of cytochromec in solution in which folding to the native
state is achieved by dilution of a denaturant [see, for example,
Elöve et al. (1992, 1994) and Colo´n et al. (1996)], we
consider here the reverse process of unfolding of cytochrome
c from its fully folded state in solution to a partially unfolded
membrane-bound state. Our circular dichroism results show
that upon binding to negatively charged lipid vesicles several
features of the tertiary structure of cytochromec change with
no significant perturbation of the overall secondary structure
(Figures 3 and 4). The Soret CD spectrum (Figure 5) shows
a highly perturbed heme crevice, resembling that obtained
under denaturing conditions, for example, in the presence
of urea or extrinsic ligands, at elevated temperatures, or at
extreme pH (Myer, 1968a).
The intrinsic protein fluorescence, mainly from a single

tryptophan at position 59 with a minor contribution from
some of the four tyrosines in cytochromec, is a very sensitive
probe for monitoring the overall conformation of cytochrome
c. Whereas the fluorescence of Trp 59 in the compact native
state is completely quenched due to its close proximity to
the heme group (Figure 2), unfolding of cytochromec
induced by binding to DOPS vesicles is accompanied by a
substantial increase in fluorescence (Figure 2). The fluo-
rescence quantum yield of lipid-bound cytochromec is about

32.5% of the fully unfolded protein in urea, and the emission
maximum has a significant blue shift of about 15 nm relative
to the emission maximum of urea-denatured protein (Figure
2). The binding of a short model peptide, Lys-Trp-Lys, to
the same lipid vesicles showed a comparable blue shift, but
no significant change in the fluorescence quantum yield. This
clearly indicates that the observed increase in Trp 59
fluorescence in the lipid environment is the result of protein
conformational changes, described here as lipid-induced
unfolding. The blue shift for the emission maximum of lipid-
bound cytochromec relative to the urea-denatured state is
consistent with the effect observed by changing the Trp
environment from an aqueous solution to the lipid hydro-
phobic phase, as observed for Lys-Trp-Lys.
Cytochrome c Unfolding and Met 80 Deligation.Unfold-

ing studies of cytochromec at high GuHCl concentrations
have revealed a nearly denaturant-independent kinetic process
associated with formation of a native-like intermediate
lacking Met 80 ligation (Colo´n et al., 1996). This interpreta-
tion is consistent with the fact that the Met 80 ligand can be
displaced by addition of extrinsic ligands, such as imidazole,
cyanide, or azide, resulting in a folded state with native-like
structural properties (Babul & Stellwagen, 1971; Roderet
al., 1986), and has been recently confirmed by kinetic
measurements in which Met 80 ligation is displaced by
imidazole (Colo´n and Roder, in preparation). It was found
that at lower denaturant concentrations the rate of the main
structural unfolding event is the rate-limiting step. This rate
increases with GuHCl concentration and eventually becomes
faster than the rate of Met 80 dissociation (GuHCl concen-
trations above 4 M), so that deligation of Met 80 becomes
the rate-limiting step. This strongly suggests that unfolding
of cytochromec requires the Met 80 ligand to be dissociated
before the main structural unfolding process can proceed.
This has indeed been demonstrated in a study on a
homologous bacterial protein, cytochromec2 (Sauderet al.,
1996), in which the deligation kinetics of Met 96 (equivalent
to Met 80 in horse cytochromec) were investigated by
imidazole binding experiments.
In our present work, the absence of the absorbance band

at 695 nm (Figure 1B) shows that Met 80 is not ligated to
the heme iron in the lipid-bound conformation. The sus-
ceptibility of this coordination to high ionic strength (Gao
et al., 1989) suggests that the electrostatic interaction with
the charged membrane surface may induce the disruption of
Met 80-iron ligation, facilitating the subsequent structural
unfolding of cytochromec. A possible mechanism of how
a negatively charged membrane surface can promote protein
unfolding requires the consideration of local pH. The high
density of negatively charged groups on the membrane
surface creates a strong electrostatic potential which attracts
protons, thus leading to a substantial decrease of the local
pH at the membrane surface. It has been shown that this
decrease in pH can be as large as 1.8 pH units at 5-15 Å
from the membrane interface plane, and as much as 4.2 pH
units in the immediate vicinity of the membrane surface
(Pratset al., 1986). It is also well-known that moderately
low pH can lead to formation of partially unfolded molten
globule states for many proteins (for a review, see Ptitsyn
(1995)].
We observed by fluorescence a main kinetic phase for

lipid-induced unfolding of cytochromecwith a rate of about
1.5 s-1 and 80% of the total observed amplitude at low

Table 4: Soret Absorbance Kinetic Rates and Relative Amplitudes
of Cytochromec Unfolding Induced by the Interaction with DOPS
Vesicles and Comparison with Unfolding by pH Jump in Solutiona

[DOPS]
(mM)

[cyt c]
(µM) k1 (s-1) a1 (ODU)

10 4 0.631 (9)b 0.031
10 8 0.713 (6) 0.056
10 12 0.707 (6) 0.078

2.5 1.25 0.661 (10) 0.009
2.5 2.5 0.704 (9) 0.016
2.5 5 0.908 (2) 0.027

pH jumpc 12 3.53 (4) 0.102
aRates and relative amplitudes obtained from kinetic measurements

(20 °C) by stopped-flow Soret absorbance at 409 nm for lipid-induced
unfolding, and at 414 nm for unfolding in solution induced by pH jump
(5 f 2), as described under Experimental Procedures.b Errors in the
least significant digit (one standard deviation) are shown in parentheses.
cUnfolding kinetics were induced by 6-fold dilution of cytochromec
in water, pH 5, into 10 mM HCl, pH 2.0, in the absence of salt.
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protein concentrations (Table 1). A comparison of this rate
with that observed for GuHCl-induced unfolding extrapolated
to zero denaturant concentration (5× 10-6 s-1 at pH 7, and
2 × 10-3 s-1 at pH 5; Colón et al., 1996; Sosnicket al.,
1996) suggests that the lipid environment strongly accelerates
the main structural unfolding process. The recent studies
by Colón et al. (1996) and Sauderet al. (1996) have shown
that unfolding of cytochromec in solution from its native
sate (NW, see Figure 8) occurs preferably via an obligatory
intermediate lacking Met 80 ligation (MW). Deligation of
Met 80 precedes the main structural unfolding and is the
rate-limiting step under strongly denaturing conditions (Colo´n
et al., 1996; Sauderet al., 1996). In this regime, the rate of
the main structural unfolding transition is faster than Met
80 deligation. The Soret absorbance-detected kinetics of the
lipid-induced unfolding of cytochromec revealed a single
kinetic process with a rate of 0.7 s-1, which is consistent
with the main unfolding event in the fluorescence-detected
kinetics (∼1.5 s-1). This is further supported by comparison
with the rate of acid-induced unfolding of cytochromec in
the absence of salt monitored by Soret absorbance (N to U
transition), which showed a main kinetic process with a rate
of 3.5 s-1 (Table 4). In similar experiments carried out in
the presence of salt (N- to A-state transition), 97% of the
total observed absorbance change is lost in the dead time of
this experiment (2.4 ms), indicating that formation of the
A-state (which probably includes deligation of Met 80)
escapes our detection. Thus, methionine deligation appears
to be a very rapid (less than milliseconds) process at low
pH, and the observed kinetics of the N to U transition appear
to reflect the main structural unfolding step of cytochrome
c. Previous unfolding studies on cytochromec revealed that
the limiting rate of unfolding, associated with deligation of
Met 80, is dependent on pH and the presence of salt in high
denaturant concentrations. This rate increases toward lower
pH and higher salt concentration: 50 s-1 at pH 7.0 (Colo´n
et al., 1996),∼80 s-1 at pH 5.0 (Colo´n et al., unpublished
results), and∼120 s-1 at pH 4.9 and higher salt concentration
(Sosnick et al., 1996), all at 10°C. Two interesting
observations can be made by comparing these rates with the
observed rate of lipid-induced unfolding (1.5 s-1). First, the
trend of variation with pH for the limiting rate of unfolding
in solution is consistent with our interpretation that the drop

in pH at the membrane surface plays a role in the mechanism
of lipid-induced protein unfolding. However, it is unclear
whether the interaction with lipid also accelerates the Met
80 deligation step. Second, the observed rate of 1.5 s-1,
despite being measured at a higher temperature (20°C), is
slower than the deligation-limited unfolding rate in solution
at pH 7.0 (50 s-1; 10 °C). This further confirms our
assignment of the main kinetic phase observed in lipid-
induced unfolding (monitored either by fluorescence or by
Soret absorbance) to the main structural unfolding event.
Finally, the comparison of the rate of lipid-induced unfolding
with that extrapolated to zero denaturant concentration (5×
10-6 s-1 at pH 7) clearly indicates that the overall unfolding
of cytochromec is substantially accelerated by the interaction
with the lipid membrane.
Kinetic Mechanism of Cytochrome c Interaction with Lipid

Membranes.Combining our fluorescence-detected kinetic
results with those for lipid- and acid-induced unfolding of
cytochromecmonitored by Soret absorbance, together with
the well-characterized folding mechanism of cytochromec
in solution, we propose the kinetic mechanism shown in
Figure 8. In this scheme, species inwaterare labeled with
the superscriptW, intermediate states on thesurfaceof the
lipid vesicle have the superscriptS, and a superscriptL
indicates alipid phase inserted specie.NatiVe, fully folded,
states are represented by N; M symbolizes destabilized
native-like states lacking Met 80 iron ligation [represented
by N* in Colón et al. (1996), and by M in Sauderet al.
(1996)]; and I states are associated with compact kinetic
intermediates. In our kinetic mechanism, states N and M
appear both in water and in association with the membrane
surface (NS and MS are the surface-associated analogues of
NW and MW, respectively). The methionine-deligated state
(M) is likely to occur also in lipid-induced unfolding (MS),
because MW is a well-established obligatory unfolding
intermediate in water (Colo´n et al., 1996; Sauderet al.,
1996). IW is a well-characterized compact intermediate that
accumulates within milliseconds of refolding in solution, both
under native conditions (Elo¨ve et al., 1992, 1994; Sosnick
et al., 1996) and in the formation of the A-state at pH 2
(Colón & Roder, 1996). Theunfoldedstate in water is
represented by UW, and thedenaturedstate inserted in the
lipid membrane is designated by DL. Based on our equi-
librium spectroscopic data, DL has native-like helical second-
ary structure (Figure 3), but is at least partially unfolded in
terms of (a) Trp 59 fluorescence (Figure 2), which shows
that the average Trp 59-heme distance is much larger than
in the native state, (b) lack of specific native interactions
involving Trp 59 (absence of sharp bands at 282 and 288
nm in Figure 4), (c) perturbed heme ligation and heme
environment, revealed by the absence of the 695 nm band
(Figure 1), and the changes in near-UV and Soret regions
of CD spectra (Figures 4 and 5). DL is clearly a more
unfolded state than the equilibrium acid-denatured A-state,
but it is not equivalent to the fully unfolded state in water,
UW. While in solution this state is extensively unfolded
without stable secondary structure, the lipid-inserted dena-
tured state, DL, is extensively folded at the secondary
structure level (Figure 3). In this sense, DL may be
structurally more closely related to IW than to UW.
The comparison between the observed unfolding rate for

cytochromec upon binding to DOPS vesicles (∼1.5 s-1) with
that in solution [about 2× 10-3 s-1 at pH 5.0; unpublished;

FIGURE 8: Scheme of the proposed kinetic unfolding mechanism
of cytochromec induced by the interaction with negatively charged
lipid membranes. N represents the folded native conformation in
water (NW) or associated with the membrane surface (NS); M is a
native-like intermediate lacking Met 80 ligation in water (MW) or
associated with the membrane surface (MS). IW denotes a compact
intermediate state in water. UW designates the unfolded state in
solution, and DL represents a denatured state inserted into the lipid
membrane. Unlike UW, which has no stable secondary structure,
DL has native-like helical secondary structure, but is at least partially
unfolded in terms of several features of its tertiary structure (see
Results and Discussion sections). Unfolding of cytochromec
induced upon binding to DOPS vesicles follows a predominant
pathway through NS and MS. Binding of cytochromec to the
membrane surface (NW f NS) occurs rapidly (<ms), and the
compact native-like intermediate NS is disrupted at rate of∼1.5
s-1.
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see also Sosnicket al. (1996)] indicates that lipid-induced
unfolding follows a predominant pathway through NS and
MS (Figure 8). Our observations are consistent with the
following scenario. The interaction of native folded cyto-
chromec (NW) with anionic lipid membranes, such as DOPS
vesicles, is initially driven by the electrostatic attraction
between positively charged residues in the protein and the
negatively charged lipid headgroups in the membrane
surface. This first binding step (formation of NS) is probably
diffusion-controlled and occurs during the dead time of the
stopped-flow experiments (<2 ms). After binding to the lipid
surface, cytochromec is exposed to a locally acidic environ-
ment, which is known to induce protein unfolding in bulk
aqueous solution [for a review, see Ptitsyn (1995)]. In
parallel with the unfolding mechanism of cytochromec in
solution (Colón et al., 1996), we expect that the unfolding
reaction starts with disruption of Met 80 (formation of MS).
This destabilized conformation unfolds at a rate of∼1.5 s-1.
Thus, the rate-limiting step in the observed lipid-induced
unfolding event (by fluorescence- or absorbance-detected
kinetics) represents the transition of MS to DL; i.e., the
disruption of the core that makes hydrophobic residues (e.g.,
in amphipathic helices) available for interaction with the lipid
phase (∼1.5 s-1).
In conclusion, we have observed that binding of cyto-

chromec to negatively charged lipid membranes induces
unfolding of the native structure of cytochromec. In the
presence of lipid vesicles, the rate of unfolding is dramati-
cally accelerated relative to the free protein in solution. Our
results are consistent with a mechanism for lipid-induced
unfolding triggered by the local decrease in effective pH at
the membrane surface. Our findings raise some interesting
questions with respect to protein folding in general, and
protein folding in membrane environments in particular. For
instance, the membrane-bound intermediate, DL, might
represent a stable analogue of a kinetic intermediate in
solution trapped in the lipid phase (stabilized by favorable
hydrophobic interactions with the lipid membrane), which
may escape detection in solution folding studies. The
proposed formation of a perturbed compact state (MS) prior
to membrane insertion has implications with respect to
protein insertion and translocation into membranes. Compact
intermediates (molten globule-like states) have been postu-
lated to be involved in the mechanism of protein insertion
and translocation across lipid membranes (Bychkovaet al.,
1988; Van der Goot, 1992; Banuelos & Muga, 1995). This
appears to be the case for the interaction of cytochromec
with negatively charged lipid membranes, and may well
represent a general mechanism for activation of protein
insertion and translocation in the cell.
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Colón, W., Elöve, G. A., Wakem, L. P., Sherman, F., & Roder, H.
(1996)Biochemistry 35, 5538-5549.

Cowan, S. W., Newcomer, M. E., & Jones, T. A. (1990)Proteins:
Struct., Funct., Genet. 8, 44-61.

Davies, A. M., Guillemette, J. G., Smith, M., Greenwood, C.,
Thurgood, A. G. P., Mauk, A. G., & Moore, G. R. (1993)
Biochemistry 32, 5431-5435.

De Jongh, H. H. J., Killian, J. A., & de Kruijff, B. (1992)
Biochemistry 31, 1636-1643.

Dyson, H. J., & Beattie, J. K. (1982)J. Biol. Chem. 257, 2267-
2273.

Elöve, G. A., Chaffotte, A. F., Roder, H., & Goldberg, M. E. (1992)
Biochemistry 31, 6876-6883.
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